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The chemical and structural organization of the plant cell wall was examined in Zinnia elegans tracheary elements (TEs), which
specialize by developing prominent secondary wall thickenings underlying the primary wall during xylogenesis in vitro. Three
imaging platforms were used in conjunction with chemical extraction of wall components to investigate the composition and
structure of single Zinnia TEs. Using fluorescence microscopy with a green fluorescent protein-tagged Clostridium thermocellum
family 3 carbohydrate-binding module specific for crystalline cellulose, we found that cellulose accessibility and binding
in TEs increased significantly following an acidified chlorite treatment. Examination of chemical composition by synchro-
tron radiation-based Fourier-transform infrared spectromicroscopy indicated a loss of lignin and a modest loss of other
polysaccharides in treated TEs. Atomic force microscopy was used to extensively characterize the topography of cell wall
surfaces in TEs, revealing an outer granular matrix covering the underlying meshwork of cellulose fibrils. The internal
organization of TEs was determined using secondary wall fragments generated by sonication. Atomic force microscopy
revealed that the resulting rings, spirals, and reticulate structures were composed of fibrils arranged in parallel. Based on these
combined results, we generated an architectural model of Zinnia TEs composed of three layers: an outermost granular layer, a
middle primary wall composed of a meshwork of cellulose fibrils, and inner secondary wall thickenings containing parallel
cellulose fibrils. In addition to insights in plant biology, studies using Zinnia TEs could prove especially productive in assessing
cell wall responses to enzymatic and microbial degradation, thus aiding current efforts in lignocellulosic biofuel production.

The organization and molecular architecture of
plant cell walls represent some of the most challenging
problems in plant biology. Although much is known
about general aspects of assembly and biosynthesis of
the plant cell wall, the detailed three-dimensional
molecular cell wall structure remains poorly under-
stood. The highly complex and dynamic nature of the
plant cell wall has perhaps limited the generation of
such detailed structural models. This information is
pivotal for the successful implementation of novel
approaches for conversion of biomass to liquid bio-

fuels, given that one of the critical processing steps in
biomass conversion involves systematic deconstruc-
tion of cell walls. Therefore, a comprehensive under-
standing of the architecture and chemical composition of
the plant cell wall will not only help develop molecular-
scale models, but will also help improve the efficiency of
biomass deconstruction.

The composition and molecular organization of the
cell wall is species and cell type dependent (Vorwerk
et al., 2004). Thus, the development of a model plant
system, which utilizes a single cell type, has en-
hanced our capacity to understand cell wall architec-
ture. The ability to generate a population of single
Zinnia elegans plant cells that were synchronized
throughout cell wall deposition during xylogenesis
was developed in the 1980s (Fukuda and Komamine,
1980). Mesophyll cells isolated from the leaves of
Zinnia and cultured in the presence of phytohor-
mones will transdifferentiate into tracheary elements
(TEs), which are individual components of the xylem
vascular tissue (Fukuda and Komamine, 1980). Dur-
ing this transdifferentiation process, TEs gradually
develop patterned secondary wall thickenings, com-
monly achieving annular, spiral, reticulate, scalari-
form, and pitted patterns (Bierhorst, 1960; Falconer
and Seagull, 1988; Roberts and Haigler, 1994). These
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secondary wall thickenings serve as structural rein-
forcements that add strength and rigidity to prevent
the collapse of the xylem under the high pressure
created by fluid transport. During the final stages of
transdifferentiation, TEs accumulate lignin in their
secondary walls and undergo programmed cell
death, which results in the removal of all cell con-
tents, leaving behind a “functional corpse” (Roberts
and McCann, 2000; Fukuda, 2004).

In broad terms, the primary cell wall of higher
plants is mainly composed of three types of poly-
saccharides: cellulose, hemicelluloses, and pectins
(Cosgrove, 2005). Cellulose is composed of un-
branched b-1,4-Glc chains that are packed together
into fibrils by intermolecular and intramolecular hy-
drogen bonding. Hemicelluloses and pectins are
groups of complex polysaccharides that are primarily
composed of xyloglucans/xylans and galacturonans,
respectively. Hemicelluloses are involved in cross-
linking and associating with cellulose microfibrils,
while pectins control wall porosity and help bind
neighboring cells together. The patterned deposits of
secondary wall in Zinnia TEs primarily consist of cel-
lulose microfibrils, along with hemicelluloses, and also
lignin, a complex aromatic polymer that is characteristic
of secondary walls and provides reinforcement (Turner
et al., 2007). All the molecular components in the cell
wall correspond to a multitude of different polysac-
charides, phenolic compounds, and proteins that
become arranged and modified in muro, yielding a
structure of great strength and resistance to degrada-
tion.

Currently, electron microscopy is the primary tool
for structural studies of cell walls and has provided
remarkable information regarding wall organization.
Fast-freeze deep-etch electron microscopy in com-
bination with chemical and enzymatic approaches
have generated recent models of the architecture of
the primary wall (McCann et al., 1990; Carpita and
Gibeaut, 1993; Nakashima et al., 1997; Fujino et al.,
2000; Somerville et al., 2004). Direct visualization of
secondary wall organization has been focused toward
the examination of multiple wall layers in wood cells
(Fahlen and Salmen, 2005; Zimmermann et al., 2006).
However, few studies have examined the secondary
wall, so our knowledge regarding the higher order
architecture of this type of wall is limited. Over the
past few decades, atomic force microscopy (AFM) has
provided new opportunities to probe biological sys-
tems with spatial resolution similar to electron mi-
croscopy techniques (Kuznetsov et al., 1997; Muller
et al., 1999), with additional ease of sample prepara-
tion and the capability to probe living native struc-
tures. AFM has been successfully applied to studies
of the high-resolution architecture, assembly, and
structural dynamics of a wide range of biological
systems (Hoh et al., 1991; Crawford et al., 2001;
Malkin et al., 2003; Plomp et al., 2007), thus enabling
the observation of the ultrastructure of the plant cell
wall, which is of particular interest to us (Kirby et al.,

1996; Morris et al., 1997; Davies and Harris, 2003; Yan
et al., 2004; Ding and Himmel, 2006).

To generate more detailed structural models, knowl-
edge about the structural organization of the cell wall
can be combined with spatial information about chem-
ical composition. Instead of utilizing chromatography
techniques to analyze cell wall composition by extract-
ing material from bulk plant samples (Mellerowicz
et al., 2001; Pauly and Keegstra, 2008), Fourier trans-
form infrared (FTIR) spectromicroscopy can be used to
directly probe for polysaccharide and aromatic mole-
cules in native as well as treated plant material
(Carpita et al., 2001; McCann et al., 2001). FTIR
spectromicroscopy is not only able to identify chemical
components in a specific system but also can deter-
mine their distribution and relative abundance. This
technique also improves the sensitivity and spatial
resolution of cellular components without the deriva-
tization needed by chemical analysis using chroma-
tography. Polysaccharide-specific probes, such as
carbohydrate-binding modules (CBMs), can also be
used to understand the chemical composition of the
plant cell wall. CBMs are noncatalytic protein domains
existing in many glycoside hydrolases. Based on their
binding specificities, CBMs are generally categorized
into three groups: surface-binding CBMs specific for
insoluble cellulose surfaces, chain-binding CBMs spe-
cific for single chains of polysaccharides, and end-
binding CBMs specific for the ends of polysaccharides
or oligosaccharides. A surface-binding CBMwith high
affinity for the planar faces of crystalline cellulose
(Tormo et al., 1996; Lehtio et al., 2003) has been
fluorescently labeled and used to label crystals as
well as plant tissue (Ding et al., 2006; Porter et al., 2007;
Liu et al., 2009; Xu et al., 2009). The binding capacity of
the CBM family has been further exploited for the
detection of different polysaccharides, such as xylans
and glucans, and can thus be used for the character-
ization of plant cell wall composition (McCartney
et al., 2004, 2006).

In this study, we used a combination of AFM,
synchrotron radiation-based (SR)-FTIR spectromicro-
scopy, and fluorescence microscopy using a cellulose-
specific CBM to probe the cell wall of Zinnia TEs. The
Zinnia TE culture system proved ideal for observing
the structure and chemical composition of the cell wall
because it comprises a single homogeneous cell type,
representing a simpler system compared with plant
tissues, which may contain multiple cell types. Zinnia
TEs were also advantageous because they were ana-
lyzed individually, and population statistics were
generated based on specific conditions. Furthermore,
cultured Zinnia TEs were used for the consistent
production of cell wall fragments for analysis of the
organization of internal secondary wall structures. In
summary, we have physically and chemically dis-
sected Zinnia TEs using a combination of imaging
techniques that revealed primary and secondary wall
structures and enabled the reconstruction of TE cell
wall architecture.
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RESULTS

Cultured TEs Can Be Separated from Mesophyll Cells

Whenmesophyll cells from the leaves of Zinniawere
induced to differentiate into TEs, we observed that a
modest percentage (approximately 20%–40%) of TEs
develop after 4 d or longer in culture. Since the
primary goal of this study was focused on examining
the organization and chemical composition of the
primary wall and the secondary wall thickenings of
TEs, we developed a method to separate and enrich
TEs. We took advantage of the substantial physical
differences between mesophyll cells, dead cells, and
TEs to separate them by density gradient centrifuga-
tion. After fractionation of Zinnia cultures, three bands
were evident: a top green band, which primarily
contained mesophyll and dead cells; a middle more
diffuse band, which contained a mixture of mesophyll
cells and TEs; and a lower dense band, which was
observed to be highly enriched in TEs and to contain
up to 95% TEs (Fig. 1, A and B). This separation
method enhanced our ability to detect TEs by SR-FTIR
and AFM compared with crude cell cultures that
contained undifferentiated and dead cells in addition
to TEs. Light microscopy and AFM revealed that the
overall integrity, morphology, and topography of frac-
tionated TEs were not affected compared with non-
fractionated cultured cells. Chloroplasts were clearly
apparent in mesophyll cells (Fig. 1, C and D), while
TEs exhibited prominent secondary wall thickenings
arranged in spiral patterns or more complex reticulate
shapes that were highly autofluorescent (Fig. 1A,
inset). TEs were particularly discernible from meso-
phyll cells by the detection of secondary cell wall
thickenings (Fig. 1, E and F).

Oxidative Treatment Enhances CtCMB3 Labeling of

Single TEs

To complement these gross morphological observa-
tions of TEs, we probed Zinnia TEs for the presence
of crystalline cellulose. For this purpose, we used a
GFP-tagged family 3 CBM derived from the scaffold-
ing protein of Clostridium thermocellum cellulosome
(CtCBM3) to specifically detect cellulose (Ding et al.,
2006; Xu et al., 2009). To determine if the presence of
lignin affected CBM3 binding to the cell wall, we
performed an oxidative treatment (1% sodium chlo-
rite, 0.14% acetic acid at 70�C) that has been tradition-
ally used to delignify wood samples (Leavitt and
Danzer, 1993). Lignin removal from Zinnia TEs treated
with acidified chlorite was qualitatively confirmed by
phloroglucinol staining (data not shown). To account
for cell-to-cell variability, we also quantified the fluo-
rescence of TEs and performed population analysis.
We observed that the autofluorescence of the second-
ary wall thickenings of TEs treated with acidified
chlorite was lost and equivalent to background levels
(Fig. 2, C and E). These TEs also appeared much
thinner and less rigid (Fig. 2, C and D). When TEs

incubated in water at 70�C (control) were labeled with
CtCBM3-GFP, the fluorescence was greater than in
unlabeled TEs (Fig. 2, A, B, and E). This result, which
was similar for TEs that were incubated in water at
room temperature (data not shown), suggested that
CtCBM3-GFP was binding to accessible cellulose in
the cell wall. Similarly, CtCBM3-GFP labeling sig-
nificantly increased the fluorescence of TEs that
were treated in oxidative conditions (Fig. 2, C–E;
P , 0.0001). More interestingly, the fluorescence of
these treated TEs labeled with CtCBM3-GFP was
significantly increased compared with all other TE
populations (Fig. 2E; P , 0.0001). The average total
fluorescence of these CtCBM3-GFP-labeled treated
TEs was roughly four times greater than for labeled
control TEs, 20 times greater than for unlabeled control
TEs, and 1,000 times greater than for unlabeled treated
TEs (Fig. 2E). These observations demonstrate that
oxidative treatment with acidified chlorite improved
the accessibility and binding of the CtCBM3-GFP
probe and that most binding was to cellulose in the
secondary wall.

Primary Wall Microfibrils Form a Meshwork Coated by a

Granular Matrix

Since we had observed changes in cellulose acces-
sibility after acidified chlorite treatment, we decided to
closely examine Zinnia TEs following this treatment
using AFM to obtain high-resolution topographical
information. We found that, initially, without any
oxidative treatment, air-dried TEs were covered by
granular material on the outermost surface (Fig. 3, A
and B). These granules appeared to vary in size from
20 to 50 nm (Fig. 3B) and were observed in TEs that
were incubated in water at room temperature or at
70�C. This granular matrix was also present in fully
hydrated TEs imaged in water by AFM and in TEs
from both crude and density-separated preparations
(data not shown).

Oxidative treatment with acidified chlorite at 70�C
removed the granular material in most TEs and ex-
posed the meshwork of cellulose fibrils from the
primary wall (Fig. 3, C and D). This result confirmed
that the enhanced CBM3 labeling of TEs following a
treatment with acidified chlorite (Fig. 2) was due to the
increased exposure of cellulose fibrils. Upon closer
examination of the cell wall network, we observed that
cellulose fibrils forming this meshwork lacked any
preferential orientation and could become buried
within the meshwork (Fig. 3, C and D). Microfibrils
were at least 2 mm in length, ranging in width from
approximately 8 to 15 nm and in some cases appeared
to be bundles of smaller fibrils.

Following acidified chlorite treatment, most TEs
were completely devoid of the outermost granular
material, while a few TEs were observed with granular
regions remaining (Fig. 3, E and F). In some cases,
patches of cellulose fibrils were observed through
openings in the granular matrix still present on the
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surface of TEs (Fig. 3E). This observation confirmed
that the granular matrix observed on the surface of TEs
(Fig. 3, A and B) formed a layer encasing the cell wall
(Fig. 3E). Any remaining layer of granules was found
to be relatively thin and uneven, ranging in thickness
from approximately 50 to 200 nm depending on the
location of the measurement (Fig. 3E). In other cases,
clumps of granules that appeared embedded within
cellulose fibrils were observed as remnants of the
granular matrix (Fig. 3F).

SR-FTIR Spectromicroscopy Detects Changes in
Chemical Composition

To characterize the chemical changes that accom-
pany oxidative treatment of TEs, we used SR-FTIR
spectromicroscopy to measure the absorption of mid

infrared light in individual TEs. Since the absorption at
particular infrared light frequencies corresponds to
specific chemical bonds and groups, we could analyze
the major groups composing the cell wall: cellulose,
hemicellulose, pectin, and lignin. Absorbance spectra
were collected by scanning the area of individual
hydrated TEs in transmission mode, such that the
infrared beam passed through the TEs. Our aim was to
generate average chemical information from a group
of individual TEs to determine how the composition of
TEs changed after treatment with acidified chlorite.

TEs incubated in water at 70�C appeared to lose
material with infrared absorbances at approximately
1,738 cm21 and approximately 1,040 cm21 (Fig. 4B).
Absorbance at approximately 1,738 cm21 can be attrib-
uted to hemicelluloses and/or pectins, while absor-
bance at approximately 1,040 cm21 largely corresponds

Figure 1. Separation of differenti-
ated TEs from mesophyll cells. A
and B, Bright-field (left) and fluo-
rescence (right) image pairs are
shown. Autofluorescence (450–
490 nm), which mainly originates
from lignin in secondary wall thick-
enings in TEs, is shown. A, Trans-
differentiation of cultured Zinnia
mesophyll cells into TEs results in
a combination of TEs, mesophyll,
and dead cells. The inset shows the
detail of a mature TE of approxi-
mately 50 mm in length with a
secondary wall patterned in a re-
ticulate network. B, Separation us-
ing density gradient centrifugation
generates fractions highly enriched
in TEs. C and E, Bright-field images.
D and F, AFM images: fast-Z for D
and amplitude for F. For AFM, cells
were dried on the substrate and
thus appear flattened with their
contents bulging out. C and D,
Mesophyll cells possess chloro-
plasts and other organelles evident
by both light microscopy and AFM.
Arrowheads point to the locations
of chloroplasts (D). E and F, TEs can
be distinguished by the presence of
prominent secondary wall thicken-
ings, which are arranged in spiral in
the particular example shown. Ar-
rowheads point to the locations of
secondary cell wall thickenings (F).
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to hemicellulose and cellulose from the cell wall. How-
ever, this incubation in hot water did not appear to
reduce the infrared absorbance intensity at approxi-
mately 1,510 cm21, which corresponds to the aromatic
groups in lignin (Fig. 4B). TEs incubated in acidified
chlorite exhibited a more dramatic change in composi-
tion. In addition to a reduction in hemicellulose and
pectic materials, the aromatic lignin absorbance signal
at approximately 1,510 cm21 was reduced from ap-
proximately 0.16 to approximately 0.03, suggesting a
loss of about 80% of the lignin in the treated TEs (Fig. 4,
C and D). A slight reduction in absorbance was also

detected at approximately 2,930 cm21, which corre-
sponds to carbon-hydrogen bonds, suggesting that TEs
lose general cell wall components after incubation in
hot acidified chlorite. We also performed principal
component analysis and linear discriminant analysis
(PCA-LDA) to evaluate the statistical significance of the
spectral differences among the three different condi-
tions examined. The spectral signatures, and thereby
the composition of TEs treated with acidified chlorite at
70�C, are distinctly different from TEs incubated in
water at 25�C or 70�C, as revealed by PC scores along
the first two modes of variation (Fig. 4E).

Figure 2. CBM3 labeling of TEs after oxidative treatment. A to D, Representative bright-field and fluorescence image pairs are
shown. A and B, TEs incubated in water at 70�C for 20 h. C and D, TEs incubated in 1% sodium chlorite, 0.14% acetic acid at
70�C for 20 h. A and C, Unlabeled TEs. B and D, TEs labeled with CtCBM3-GFP, a fluorescently labeled family 3 carbohydrate-
binding module that binds to cellulose. A, Unlabeled TEs exhibit a low level of autofluorescence between 512 and 542 nm after
incubation in water at 70�C. For presentation purposes, all fluorescent images were scaled consistently so that this panel had a
low yet noticeable signal level. B, TEs incubated in water are, on average, approximately 5-fold more fluorescent after labeling
with CtCBM3-GFP. C, TEs treated with acidified chlorite show a dramatic loss of autofluorescence. D, TEs treated with acidified
chlorite and labeled with CtCBM3-GFP have the highest fluorescence of all the samples analyzed. E, The total fluorescence of
single TEs is plotted on a log scale as a function of area. For each population, at least 35 TEs were analyzed. The fluorescence of
unlabeled TEs after acidified chlorite treatment (white circles) is comparable with background levels. The largest increase in
fluorescence (on average, approximately 1,000-fold) is evident in the population of TEs treated with acidified chlorite and
labeled with CtCBM3-GFP (black circles). When compared by Kruskal-Wallis test, all populations were significantly different
(P , 0.0001).
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TE Fragments Reveal Parallel Networks of Cellulose
Fibrils Forming the Secondary Wall

We had been able to examine the composition of
intact Zinnia TEs and directly probe the organization
of their outermost layer and primary wall. However,
we were also interested in probing internal compo-
nents of the cell wall, in particular the secondary wall,
which is unmistakably observed as cell wall thicken-

ings. Since these secondary wall thickenings are lo-
cated underneath the primary wall and are thus
inaccessible to AFM imaging, we used mild sonication
to physically dissect TEs. This approach allowed us to
generate TE fragments, which exposed the interior
surfaces of the cell wall and were thus conducive to
AFM imaging.

Sonication generated a variety of TE fragments that
primarily included substructures from the secondary
wall thickenings, such as discrete ring-like structures
and spiral or reticulate networks (Fig. 5, A–C). Rings
were particularly interesting because, as shown in
Figure 5D, they could be oriented so that they present
a transverse cross-section of a TE. The average diam-
eter of these rings was on average 16.1 mm (SD = 2.5; n =
35), which corresponds well to the diameter of TEs.
The central structure of the ring in Figure 5D corre-
sponded to a secondary wall thickening of approxi-
mately 3 mm in thickness (equivalent to TE depth) and
was composed mainly of cellulose fibrils, which were
predominantly arranged in parallel, oriented concen-
trically within the ring. Some of the fibers observed
within these thickenings may correspond to other
polysaccharides abundant in the wall, such as hemi-
celluloses. Granules of approximately 20 to 50 nm
were also seen within the secondary wall ring. A few
individual fibers were observed to run across the main
orientation of the parallel fibrils (Fig. 5D, regions 4 and
5). Some regions of the ring appeared to contain more
granular material than others (e.g. compare region 3
with region 4), but the overall parallel organization of
the cellulose fibrils was still evident. A granular layer
similar to that previously seen on the surface of TEs
(Fig. 2, A and B) was found to surround the central
secondary wall ring structure and to have an approx-
imate thickness ranging from approximately 0.9 to 2
mm. We could not clearly detect the primary wall,
suggesting that it had been essentially degraded or
that it was fully covered with granular matrix.

When we examined TE fragments that had been
incubated in oxidative conditions, we found that the
granular matrix was removed from the secondary wall
thickenings. Thus, the parallel cellulose fibrils were
devoid of granular particles with a few fibers running
transversely (Fig. 5E). In these chemically treated sam-
ples, the main orientation of these cellulose fibrils was
apparent, revealing that they were positioned parallel
to the length of the thickenings. In the case of reticulate
networks, fibrils maintained their parallel arrangement,
but large groups became reorganized at intersecting
points (Fig. 5F). In addition, we observed thicker cellu-
lose bundles of about 30 to 50 nm in width that formed
thicker structures of up to 100 nm in width (Fig. 5F).

DISCUSSION

The Zinnia mesophyll system of transdifferentiation
into TEs has traditionally been used as a tool to study
xylogenesis in vitro, providing important clues about

Figure 3. The topography of TE cell walls revealed by AFM. Contrast-
enhanced AFM height images are shown. A and B, Representative
images of the surface of TEs incubated in water at 70�C for 20 h show a
fairly uniform outer layer of granular material. B, Zoomed image
corresponding to the box in A displays granules ranging in size between
approximately 20 and 50 nm. Some fibers can be observed embedded
within this granular matrix (arrowheads). C to F, Images of TEs after
incubation with acidified chlorite at 70�C for 20 h. C and D, In most
cases, the surfaces of TEs appear stripped of the granular matrix
observed in TEs incubated in water (A and B), and a meshwork of fibrils
is exposed. D, Zoomed image corresponding to the box in C shows
fibrils. Cellulose fibrils range in width between approximately 8 and 15
nm. E and F, In some cases, the granular matrix covering the surface of
TEs is partially resistant to removal by acidified chlorite treatment. E,
The underlying meshwork of fibrils is evident through a hole in the
outermost granular layer. F, Clumps of granules can also appear
embedded within fibrils. Some fibrils appear to run over and through
these granular clumps (arrowhead).
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Figure 4. Chemical composition of TEs characterized by high-resolution SR-FTIR spectromicroscopy. A to C, Bright-field images (at
left) and pseudocolored heat maps (right) corresponding to absorbances at the specified wave numbers from representative TEs are
shown.Bright-field imageswereacquired throughan infraredobjective.Heatmapsarenormalized to themaximumabsorbanceof aTE
incubated inwater at 25�C for 20h (A) at the correspondingwavenumber; red corresponds to a ratio of 1.0,while bluecorresponds to0
(seeheat scalebar).A,TEs incubated inwaterat25�Cshowaconsiderableamountof signal intensity fromgeneral cellwall components
and,more specifically, from cellulosic, hemicellulosic, and pecticmaterials. A large amount of lignin is also evident as a high signal at
approximately 1,510 cm21. B, Incubation in water at 70�C for 20 h results in the loss of some signal at approximately 1,738 cm21 and
approximately1,040cm21,whichcorrespond tohemicellulosic andpecticmaterial.C, Incubation inacidifiedchlorite at 70�C for20h
results in dramatic loss of signal from lignin at approximately 1,510 cm21. Hemicellulosic and pectic materials also appear to be lost
after this treatment. D, Average absorbance values plotted for five randomly chosen TEs are shown for the conditions in A in green, B
in blue, and C in red. Wave numbers corresponding to the chemical components shown in A to C are labeled. The broad peak near
3,400 cm21 mostly corresponds to hydroxyl groups in the cell wall as well as water inside the TEs. E, PCA-LDAwas performed on the
infrared spectra from the samefive randomlychosenTEs. PC scores along thefirst twomodes of variationareplotted for eachcondition.
Confidence intervals at a = 0.05 for all three populations are drawn as ellipses. PCA-LDA separates the population of TEs treated with
acidified chlorite from the TEs incubated in water at 25�C or 70�C based on their infrared spectral signatures.
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Figure 5. TE fragments reveal secondary wall structure. A and B, Bright-field images. C, Differential interference contrast image.
A, An overview of TEs after mild sonication is shown. Different types of TE fragments as well as seemingly intact TEs were
observed. B, Ring-like structures (arrow) and spirals (arrowhead) from secondary wall thickenings, as well as smaller fragments
and cell debris (two arrowheads), are shown following density separation by centrifugation. C, Fragments from reticulate
secondary wall networks were also observed. D to F, AFM images of a secondary wall ring (D) and a reticulate network (E and F)
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signal transduction, gene expression pathways, and
molecular mechanisms involved in this process
(Fukuda, 2004). Instead of using Zinnia TEs to study
plant vascularization, we used this system to directly
probe both the primary and secondary walls in order
to improve our knowledge of TE wall organization
and composition. In addition, we analyzed the fluo-
rescence of single cells and generated quantitative data
to distinguish between populations of TEs that were
chemically treated and labeled with fluorescent
probes.
In vitro differentiation of mesophyll cells into TEs

has been shown to occur at remarkably efficient rates
(50%–76%; Roberts et al., 1992; Roberts and Haigler,
1994; Milioni et al., 2001; Benova-Kakosova et al., 2006;
Twumasi et al., 2009); however, lower percentages of
differentiated TEs have also been reported (Fukuda
and Komamine, 1980; Thelen and Northcote, 1989). In
this study, on average, approximately 30% of TEs were
observed in our cultures. Variability in TE differenti-
ation could be caused by technical differences due to
variations in the environment in which Zinnia plants
were cultivated. Therefore, to facilitate the physical
and chemical analysis of the cell wall, we developed a
density gradient separation method to generate en-
riched fractions of TEs and facilitate detection by
fluorescence microscopy, SR-FTIR spectromicroscopy,
and AFM. Flow cytometry has also been utilized as a
method to separate TEs frommesophyll cells (Ito et al.,
2004), but this approach involved the use of exogenous
fluorescent labels that could affect cells. An additional
report showed that TEs constitute a distinct popula-
tion based on size and granularity information ob-
tained from light-scatter information during flow
cytometry (Weir et al., 2005); therefore, isolation of
TEs from mesophyll cells could be possible using this
method. Nonetheless, the relatively simple density-
based approach developed in this report provides
means to isolate TEs from mesophyll and dead cells
without affecting the overall morphology or detailed
surface topography of TEs.
Most of our understanding of the ultrastructure of

plant tissue has been obtained using electron micros-
copy. In this study, we employed AFM, which has
become a valuable tool to examine cell wall organiza-
tion in recent years and can provide information
complementary to that obtained from electron micros-
copy. AFM is capable of revealing high-resolution

structural details from living cells in real time, as
demonstrated in bacteria in studies examining spore
germination (Plomp et al., 2007) and cell growth and
division (Touhami et al., 2004). Recent reviews have
highlighted the type of high-resolution dynamic struc-
tural information that can be obtained from live bac-
teria using this technique in fluid (Dufrene, 2008b;
Scheuring and Dufrene, 2010). However, in this study,
we air dried TEs because of the specific challenges
presented by AFM imaging of native single cells in an
aqueous environment. The small contact area between
a cell and substrate can result in the detachment of
cells during imaging, due to interactions between
the AFM cantilever and specimen (Dufrene, 2008a;
Fantner et al., 2010). The relatively large size of single
Zinnia TEs, in addition to their hollow nature, makes
surface immobilization difficult and AFM imaging
problematic. Recent advances in high-speed AFM
(Viani et al., 2000; Kodera et al., 2006), which consid-
erably decrease cantilever-cell interactions (Fantner
et al., 2010), may provide future improvements for
imaging of cellular dynamics in TEs. Our AFM imag-
ing observations of cellulose fibril organization in air-
dried TEs agree with previous reports of microfibril
architecture in the cell wall of Zinnia TEs using
cryoelectron microscopy (Nakashima et al., 1997).
Therefore, dehydration of our single-cell samples did
not appear to have a dramatic effect on the organiza-
tion of the cell wall of TEs, especially in the inner
secondary wall, perhaps due to the presence of matrix
materials between microfibrils. Further studies of
dehydrated plant material are specifically relevant
because of the need for developing biomass treatment
strategies, given that biomass for biofuel production is
generally dried.

To the best of our knowledge, this is the first study in
which AFM has been used to examine the cell wall of
TEs, particularly the structure of the inner secondary
wall. Our AFM studies provided novel high-resolution
structural data, which could be used for the develop-
ment of more comprehensive three-dimensional TE
models. As a result of chemical and physical perturba-
tions that provided access to inner components of
Zinnia TEs, we were able to reconstruct the high-
resolution architecture of different layers in the cell
wall: (1) an outermost granular matrix enveloping the
TE; (2) the primary wall of cellulose microfibrils orga-
nized in a meshwork; and (3) the inner secondary wall

Figure 5. (Continued.)
are labeled with regions corresponding to the numbered zoomed images. AFM height images were contrast enhanced for
presentation. D, The secondary wall ring shown represents a transverse cross-section of a TE. An outermost layer of granular
material covers the secondary wall thickening. Regions 1 to 5 depict primarily cellulose fibrils that are arranged in parallel and
concentrically and a granular matrix within the ring. In some cases, the observed granules appear to be aggregated into larger
structures (region 1) and some fibers appear to run across the main orientation of the cellulose fibrils (regions 4 and 5). E and F,
Images correspond to a secondary wall fragment of a reticulate network similar to that shown in C. Acidified chlorite treatment
removes the granular material and reveals that fibrils are arranged mostly parallel to the length of thickenings. Some debris,
which did not affect imaging, is apparent (E). Several fibrils appear to run across the main orientation of the cellulose fibrils
(region 6). F, Fibrils change orientation in large groups at intersecting points on a secondary wall network. Fibrils can also
become bundled to form thicker cellulose structures (arrowhead).
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thickenings containing mainly cellulose microfibrils
arranged in a parallel orientation (Fig. 6). Cellulose
fibrils from these different layers of the wall were
embedded within granules, which were omitted from
Figure 6 for presentation purposes. The dimensions
of the different parts of TEs, derived from our AFM
analysis, were consistent with those previously ob-
served by transmission electron microscopy (Burgess
and Linstead, 1984; Taylor et al., 1992; Nakashima et al.,
1997; Salnikov et al., 2001; Karlsson et al., 2005). We
found that cellulose microfibrils from the primary wall
were organized in a meshwork, with fibrils running in
multiple directions, while theyweremostly arranged in
parallel in the secondary wall. As mentioned before,
this organization agreed with previously reported ob-
servations of cellulose microfibrils in the cell wall
of Zinnia TEs using freeze-etch replica techniques
(Nakashima et al., 1997). The width of cellulose fibrils
forming the primary and secondary walls of Zinnia
TEs also corresponded to data reported for various
plants and techniques used for visualization (Roland
et al., 1975; Chanzy et al., 1979; McCann et al., 1990;
Fujino et al., 2000; Thimm et al., 2000).

The presence of granular materials in different lo-
cations of the cell wall, including the outside surface
and secondary cell wall thickenings, was of particular
interest. Granules similar to those we found covering
Zinnia TEs have been previously observed on paren-
chyma cells from maize (Zea mays; Ding and Himmel,
2006). This material may correspond to pectic sub-
stances, which are abundantly present in the middle
lamellar surfaces of xylem cells and the surface of
single TEs in culture (Burgess and Linstead, 1984;
Stacey et al., 1995). Nonetheless, it is important to
consider that cultured Zinnia TEs develop in an “ar-

tificial” environment as single cells rather than in
contact with neighboring cells, so their outermost
surfaces may not be representative of structures in
living plants. In the secondary wall, we observed that
the loss of lignin by SR-FTIR spectromicroscopy cor-
related well with the absence of granules from chem-
ically treated secondary wall fragments. In addition,
other cell wall polymers present in the wall may have
possessed lignin deposits that rendered them insolu-
ble, thus removing them along with lignin during
oxidative treatment. Therefore, we infer that the gran-
ules within the secondary wall thickenings primarily
corresponded to lignin. Lignin is known to be a major
component of these thickenings in xylem cells (Fukuda
and Komamine, 1982; Barceló, 1995) and has been
shown to display globular shapes in wood pulp sam-
ples (Simola et al., 2000; Poggi et al., 2005). Electron
microscopy also has revealed the accumulation of
spherical structures, similar to the ones we observed,
in the secondary wall of Zinnia TEs (Nakashima et al.,
1997). Accumulation of these spherical structures was
reported to correlate strongly with measurements of
UV light absorption by lignin (Nakashima et al., 1997).
We did not observe any clear cross-links connecting
cellulose fibrils (McCann et al., 1990; Nakashima et al.,
1997; Yan et al., 2004), possibly because they were
obscured by granules in native TEs or because the hot
oxidative treatment used removed hemicellulosic
structures in treated TEs (Green, 1963; Leavitt and
Danzer, 1993). It is also possible that these cross-links
may not be clearly seen due to the prevalence of
the above-mentioned granular materials in the wall
of TEs.

Physical dissection of TEs through sonication pro-
vided direct access to the organization of the internal
secondary wall. The presence of ring-like and re-
ticulate network structures in sonicated samples dem-
onstrated that breakage of TEs often occurs along
secondary wall thickenings. This observation indi-
cated that thickenings represent points of higher me-
chanical rigidity within TEs. Such fragments appear to
be ideally suited for future in vitro high-resolution
studies monitoring structural dynamics of the cell wall
in response to chemical, enzymatic, and microbial
degradation.

In conclusion, we have applied a multiplatform
approach to understanding the detailed high-resolu-
tion structural and chemical composition of the plant
cell wall in a system that allows the examination of
discrete components of xylem tissue. For both basic
plant science and biofuel research, this system has
advantages in enabling the detailed examination of a
single cell type that can be analyzed in large numbers.
An especially useful feature brought out by this study
is the generation of isolated wall fragments that can be
used to examine the internal wall structures of xylem
cells. Further studies integrating genetic, biophysical,
and molecular information either by using enzymatic
degradation or additional probes (e.g. CBMs or anti-
bodies), along with real-time studies of structural

Figure 6. Model of the cell wall architecture of a single Zinnia TE. The
three observed layers of the cell wall are depicted: (1) an outermost
granular matrix enveloping the TE; (2) the primary cell wall composed
of cellulose microfibrils organized in a meshwork; and (3) the inner
secondary cell wall thickenings containing mainly cellulose microfi-
brils arranged in a parallel orientation. Cellulose microfibrils within the
native cell wall are embedded within a granular matrix, which is not
depicted for presentation purposes. The cellulose microfibrils and
outermost granular layer are not shown to scale.
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changes, will help refine current models and under-
standing of cell wall architecture.

MATERIALS AND METHODS

Culturing and Isolation of TEs

Zinnia elegans seeds (var Canary Bird; Wetsel [purchased from Merrifield

Gardens]) were sterilized for approximately 5 min with 10% bleach, rinsed

with water, and soaked for 1 h. Seeds were then placed in Seed-Starting soil

formula (Burpee) in a plant stand at room temperature under 16 h d21

fluorescent illumination to allow for germination and growth. After 2 weeks,

the first true leaves were harvested and surface sterilized with 1% sodium

hypochlorite and 0.01% Triton. Leaves were then macerated, and the resulting

mesophyll cells were harvested and cultured in S medium as described

previously (Roberts et al., 1992), except that cells were resuspended at a

concentration of 105 cells mL21 on six-well plates containing 1 mg mL21

6-benzylaminopurine and 1 mg mL21 a-naphthaleneacetic acid.

For separation of TEs, a 9-mL gradient of plant-tested 72% Percoll (Sigma-

Aldrich) in 0.2 M mannitol was generated by centrifugation at 12,000 rpm for

45 min at 17�C using an angle rotor (Sorvall SS-34; Thermo Fisher Scientific).

Seven- to 10-d-old cultures were washed and resuspended in 1-mL of 0.2 M

mannitol and then overlaid onto the Percoll gradient. After centrifugation

using the aforementioned parameters, three distinct bands were removed by

gentle aspiration. Percoll fractions of TEs were washed three times with

distilled, deionized water before labeling or imaging.

Fluorescence Labeling and Population Analysis

Roughly 3 mg of density-fractionated TEs (wet pellet) was incubated on a

Nutator mixer (TCS Scientific) with 0.1 mg mL21 GFP-tagged CBM3 (Ding

et al., 2006) in 150 mL of 1% bovine serum albumin, phosphate-buffered saline

(Porter et al., 2007) at room temperature for 1.5 h. TEs were then washed three

times with buffer using a tabletop Nanofuge (Hoefer Scientific Instruments)

and mounted for fluorescence imaging. Images were acquired using a

DMI6000B Leica microscope equipped with a CCD camera (DFC360FX) and

the AF6000 Leica software (JH Technologies).

For population analysis of TE fluorescence following CBM3 labeling,

images captured using a 203 objective were analyzed using ImageJ (http://

rsb.info.nih.gov/ij/). Polygons were drawn around isolated TEs, and the

average fluorescence and area within these polygons were measured. The

total fluorescence was calculated by multiplying the average fluorescence by

the total number of pixels encompassing each TE. Statistical comparison of the

fluorescence values from all populations was performed using the Kruskal-

Wallis statistical test.

Sonication and Oxidative Treatment

TEs were broken into fragments using an XL2020 ultrasonic sonicator

(Misonix) equipped with a microtip. Sonication was controlled manually and

performed two times for 30 s plus one time for 1 min on ice at level 4.

Intact TEs or fragments were incubated in acidified chlorite (1% sodium

chlorite, 0.14% acetic acid) at 70�C for 20 h (Leavitt and Danzer, 1993) in a

single extraction step. As a control, incubations were performed in distilled,

deionized water under the same conditions. TEs were then washed three

times with distilled, deionized water before additional manipulation.

High-Resolution FTIR Spectromicroscopy

A high-humidity microscope stage chamber was built to maintain TEs as

hydrated, overcoming the water interference during high-resolution FTIR

spectromicroscopy measurements. All measurements were made in trans-

mission mode and performed with a Nicolet Magna 760 FTIR bench and a

Nicolet Nic-Plan IR microscope (Thermo Fisher Scientific) equipped with a

microscope stage chamber at the infrared beamline of the Advanced Light

Source (Lawrence Berkeley National Laboratory; http://infrared.als.lbl.gov/).

Each spectrum represents an average of four scans over a wave number range

of 4,000 to 650 cm21 at a spectral resolution of 4 cm21 with an absorption peak

position accuracy of 1/100 cm21. Spectra for at least 10 cells were acquired per

condition at a spatial imaging step size of 5 mm. All data processing was

performed using Thermo Electron’s Omnic 7.2 (http://www.thermo.com/),

and chemical assignment was carried out as described previously (Delort-

Laval et al., 1991). Additional details regarding chemical peak assignment can

be found in other recent publications (Kacurakova et al., 2000; Wilson et al.,

2000; Carpita et al., 2001). To generate heat maps, in each pixel the absorbance

values at the specified wave numbers were normalized to the maximum value

of the absorption at the corresponding wave number from the TE incubated in

water at 25�C.
Spectral changes associated with TE heterogeneity in wall composition

before and after treatments were verified using PCA-LDA. Briefly, it involved

two steps. First, spectral data in the fingerprint region (900–1,800 cm21) and in

the vibrational region (2,750–3,700 cm21) from each pixel inside a TE were

extracted and combined to form the original data matrix. In this data matrix

preparation, we randomly chose five TEs for each condition. PCA was

performed using Matlab (The MathWorks) to calculate the eigenvector and

eigenvalue of the covariance matrix of the original data matrix. Then, LDA

was performed using the scores of the first five PCA components as property

variables and solving the eigenvector and eigenvalue of the between-class

covariance matrix over the within-class covariance matrix. The first two

eigenvectors with two highest eigenvalues were chosen as PCA-LD1 and

PCA-LD2, and the projection scores of each sample along these two directions

were plotted. The mean and SD for each treatment group were calculated from

the PCA-LDA score plots, and the confidence intervals at a = 0.05 around the

average scores/individual conditions were estimated and drawn as ellipses.

Each data point plotted corresponded to a spectrum acquired from a 5- 3
5-mm pixel.

AFM

Droplets of mesophyll cells and density-fractionated TE suspensions in

distilled, deionized water were deposited on plastic coverslips and allowed to

air dry. Images were collected using a Nanoscope IV atomic force microscope

(Digital Instruments/Veeco) operated in tapping mode. For low-resolution

analysis and mapping of cell samples, fast-scanning AFM probes (DMASP

model; Veeco Instruments) with a force constant of approximately 1 to 5 N m21

and a resonance frequency of approximately 200 kHz were utilized. For high-

resolution imaging, SuperSharpSilicon AFM probes (NanoWorld) with force

constants of approximately 40 N m21 and resonance frequencies of approx-

imately 300 kHz were used. The typical radius of the SuperSharpSilicon AFM

tip is approximately 2 nm and the tip height is 10 to 15 mm, which allowed the

delineation of high-resolution structural features on relatively rough plant cell

surfaces. Tapping amplitude, phase, height, and fast-Z (when applicable),

images were collected simultaneously. Nanoscope software 5.30r3sr3 was

used for acquisition and subsequent processing of AFM images. Size mea-

surements were obtained from at least two images from replicate samples.

Height images were contrast enhanced and, in certain cases, flattened for

presentation purposes.
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